Dynamic force microscopy (DFM) allows imaging of the structure and the assessment of the function of biological specimens in their physiological environment. In DFM, the cantilever is oscillated at a given frequency and touches the sample only at the end of its downward movement. Accordingly, the problem of lateral forces displacing or even destroying bio-molecules is virtually inexistent as the contact time and friction forces are reduced. Here, we describe the use of DFM in studies of human rhinovirus serotype 2 (HRV2) weakly adhering to mica surfaces. The capsid of HRV2 was reproducibly imaged without any displacement of the virus. Release of the genomic RNA from the virions was initiated by exposure to low pH buffer and snapshots of the extrusion process were obtained. In the following, the technical details of previous DFM investigations of HRV2 are summarized.
INTRODUCTION
The atomic force microscope (AFM), first described by Binnig et al., (1) has become a powerful tool in biology. It provides threedimensional images of the surface topology of biological specimens under physiological conditions (2) . Unlike in other techniques, samples can be viewed in their native state without complicated preparation such as staining or coating. The high resolution obtained (in the sub-nanometer range) allows topographical imaging of single DNA molecules, proteins, biomembranes and living cells in their native environment (3) . In addition to topographical measurements, AFM can also provide information on other surface properties, e.g. stiffness, friction or elasticity (4) . It can also capture dynamic features of individual molecules in the millisecond time scale (5) and measure inter-and intra-molecular forces on the single-molecule level with piconewton (pN) sensitivity (6) . Image acquisition is realized using different modes of operation. Most of the topographic images are obtained in contact-mode AFM, in which the cantilever is in touch with the sample incessantly during scanning; changes in the cantilever deflection are monitored and kept constant using an electronic feedback loop (7, 8) . The image consists of the calibrated height information about the sample relief. However, contact-mode imaging turned out to be less suitable for weakly attached samples, because bio-molecules are often pushed away by the AFM stylus during imaging (9) . To overcome this disadvantage, dynamic force microscopy (DFM) methods like tapping-mode (10) and, more recently, MACmode AFM (11, 12) have been used for imaging soft and weakly attached biological samples (13) .
In DFM, the cantilever is oscillated at a given frequency as it raster-scans over the surface and touches the sample only at the end of its downward movement, resulting in amplitude reductions at positions of elevated objects. The reduction in oscillation amplitude is used as the feedback-control signal to measure the surface topography. In tapping-mode AFM, the excitation of the cantilever oscillation is due to an acoustic vibration of the overall liquid cell. Due to the acoustic excitation of the cantilever oscillation, the amplitude response as a function of the frequency is not clearly defined (14) . In MACmode AFM, an alternating magnetic field generated in a coil beneath the sample which excites the magnetically coated cantilever sinusoidally (11) . The amplitude-frequency curve follows closely the characteristics of a damped harmonic oscillator (15) . Amplitude and frequency of the cantilever oscillation can therefore easily be adjusted by the current through the coil and by the driving frequency.
The advantage of DFM over contact-mode AFM is that lateral forces during imaging are greatly reduced, thereby minimizing sample damage by the scanning cantilever (16) . Imaging of biological specimens has therefore greatly benefited from the development of DFM. Soft samples are significantly less deformed and probes weakly adhering to surfaces are not easily displaced by the imaging forces applied (17) . Additionally to the low force applied, the oscillation amplitude is, in contrast to the deflection signal used for contact-mode AFM, insensitive to thermal drift. This results in more stable imaging with simultaneously less destruction of the biological samples.
Here we focus on the use of DFM in acquiring topographical images of human rhinoviruses under physiological conditions. Also included are detailed methods and experimental protocols that were applied for imaging human rhinoviruses; similar protocols may also be applied to other viruses or bio-molecules.
Human rhinoviruses (HRVs), which cause about 50% of all common cold infections, are icosahedral particles, ~30 nm in diameter, with a single stranded, positive sense RNA genome enclosed within a protein capsid. The virion is composed of 60 copies each of four viral coat proteins arranged on an icosahedral lattice (18) . The 101 HRV serotypes are classified into a major and a minor group. Major group viruses bind to intercellular adhesion molecule 1 (ICAM-1) (19) , whereas the minor group viruses bind to the low-density lipoprotein receptor family (LDLR) (20) . After binding to the cell surface and internalization via receptor-mediated endocytosis, the RNA is released from the virion in endosomes and is delivered to the cytosol by a poorly understood mechanism. For the minor group of HRVs (HRV2 used in this report belongs to the minor group), this process is catalyzed by the low endosomal pH (21) . Cryo-electron microscopy images of empty capsids showed that, upon uncoating, the star-shaped dome at the five-fold axis undergoes an iris-like movement thereby opening a pore large enough to allow transit of the RNA (22) . However, for human rhinoviruses, the RNA in the process of exit has never been observed at high resolution, although RNA "puffballs" or "cores" partially released and still attached to the virion after heating of a related virus have been visualized by conventional transmission electron microscopy (23) .
In a previous study we used DFM to investigate the binding and the arrangement of the minor-group virus HRV2 on artificial cell membranes, mimicking an early step of virus entry into living cells (24) . In our recent study, DFM was used to image RNA directly in the process of extrusion from HRV2 (25) . The RNA release was initiated by exposure to a low pH-buffer and RNA either completely released or still connected to the virus was observed under physiological conditions. This report details the AFM techniques used in the latter study (25) ; methods, techniques and protocols are presented in depth, to allow figuring out the nuts and bolts of using DFM for various biological applications.
MATERIALS AND METHODS

Materials
Mica was obtained from Groepl, Tulln, Austria. A perfect basal cleavage provides atomic flat surfaces over several hundreds of square micrometers. In muscovite mica, tetrahedral sheets of (Si,Al) 2 O 5 are ionically linked by a central layer of Al 2 (OH) 2 . The net negative charge of the basal oxygen between these double layers is balanced by a layer of hexagonally coordinated cations (K + in muscovite mica) (26) . This layer is disrupted by standard cleavage procedures, e.g. by means of scotch tape. Buffer salts were purchased from Merck, Darmstadt, Germany. RNase A (7000 units/ml) was obtained from Qiagen, Vienna, Austria.
HRV2, originally obtained from the American Type Culture Collection (ATCC), was prepared in HeLa-H1 cells grown in suspension culture and purified by sucrose density gradient centrifugation essentially as described previously (27) .
HRV2 immobilization
30 µl of 0.2 mg/ml HRV2 in a buffer containing 50 mM TrisHCl, 5 mM NiCl 2 , pH 7.6 were deposited on freshly cleaved mica for 20 min resulting in a densely packed virus monolayer. A lower coverage of the surface was obtained by reducing the HRV2 concentration to 20 µg/ml leaving the other adsorption conditions unchanged. Unattached viruses were removed by washing three times with the same buffer.
MACmode AFM
A schematic diagram of an atomic force microscope is given in Figure 1 . The key element of an AFM is the cantilever, which consists of silicon nitride with ~ 200 µm in length and ~ 1 µm in thickness. At the end of the cantilever, a sharp tip with a radius of about 5 to 40 nm is mounted which senses the force between the sample and the cantilever. To minimize the force between the tip and sample during imaging, the cantilever has a spring constant of less than 1 N/m. The cantilever deflection is recorded by a laser beam reflected from the back of the cantilever onto a position-sensitive, four-segment photodiode.
All topographical images were acquired with a magnetically driven dynamic force microscope (MACmode PicoSPM, Molecular Imaging, Tempe, AZ) and magnetically coated MacLevers (Molecular Imaging, Tempe, AZ). During imaging, an electronic feedback loop ( MACmode is a gentle non-destructive AFM imaging technique, which employs a magnetic field to drive a magnetically coated cantilever, yielding precise control over the oscillation amplitude and the applied force.
We used a lateral scan frequency of 1.3 lines/s, resulting in a total recording time of 7 min per image (according to 512 lines per image); the nominal spring constant of the cantilevers used was 0.1 N/m. For gentle imaging, the peak-to-peak oscillation amplitude was set to 5 nm at 7-8 kHz oscillation frequency. The feedback loop was adjusted to 20% amplitude reduction in order to obtain stable images. All images were acquired in buffer solution; a commercial fluid cell was used for imaging in fluids.
RESULTS AND DISCUSSION
Adjustment of optimal parameters prior to imaging
MACmode AFM has the advantage over acoustically driven cantilevers that the magnetically coated cantilevers are directly excited by an external magnetic field. This results in a sinusoidal oscillation with a defined resonance frequency. A firm theoretical relationship between oscillation frequency and optimal sensitivity in AFM imaging was established using a modified harmonic oscillator model (15) . The sensitive adjustment of the oscillation frequency using the resonance curve ( Fig. 2A) and the related phase response (Fig. 2B) is shown in the following. Amplitude-frequency plot of a magnetically excited cantilever acquired ~100 µm away from the sample surface. A distinct resonance peak is obtained at 10 kHz (using a cantilever with a spring constant of 0.1 N/m). A frequency of 8 kHz is used as excitation frequency for imaging (indicated by an arrow). (B) Phasefrequency plot simultaneously acquired to the amplitude-frequency plot. The phase lag between magnetic excitation and cantilever oscillation follows exactly a harmonic oscillator model. (C) Amplitude-distance cycle acquired on a densely packed HRV2 monolayer. Trace (red line) and retrace (blue line) are shown using the same cantilever as in (A). The free oscillation amplitude was set to 5 nm at an oscillation frequency of 8 kHz. The arrow indicates contact of the cantilever with the sample surface.
Since the spring constant and the dimensions of the cantilevers vary significantly, the optimal excitation frequency was determined for each individual cantilever. For this, the amplitudefrequency plot (i.e. resonance curve) and the phase-frequency plot (i.e. phase curve) were simultaneously acquired in buffer solution far away (~ 100 µm) from the sample surface ( Fig. 2A  and B) . The resonance curve showed a distinct resonance peak at 9 kHz and a full width at half maximum (FWHM) of ~ 5 kHz. The quality factor (Q-factor) describing the dynamic response behavior of the cantilever is calculated by the resonance frequency over the FWHM, yielding therefore Q ~ 1.8; the simultaneously acquired phase-frequency plot followed exactly the damped harmonic oscillator theory (15, 28 ). The excitation frequency was then adjusted to a value yielding optimal sensitivity given by the resonance peak (9 kHz in Fig. 2A, i .e. the maximum of the resonance curve). However, the resonance curve shifts to lower frequencies when the tip interacts with the sample surface (28, 29) . This effect is caused by hydrodynamic damping of the cantilever oscillation compensated by selecting the excitation frequency slightly lower than the resonance frequency at large cantilever-sample distances. According to a rule of thumb we chose the excitation frequency 20% lower than the resonance frequency at large distances (resulting in 7-8 kHz excitation frequency, indicated by an arrow in Fig. 2A) (15, 29) . Once the excitation frequency is chosen as described, the cantilever approaches towards the sample until it touches the surface. Amplitude-distance cycles were then used to adjust the free cantilever oscillation amplitude (i.e. the free amplitude) and to determine the optimal amplitude reduction value (i.e. the set point value) for driving the feedback loop during imaging. Figure 2C shows the amplitude-distance cycle of an oscillating cantilever on a densely packed HRV2 layer in buffer solution. The amplitude of the oscillation is shown for both the approach (trace, red) and the retraction (retrace, blue) of the cantilever as a function of the cantilever-surface distance. Far away from the surface, the oscillation amplitude (i.e. the free amplitude) is not influenced by the sample and remains constant during approach and retraction. As the tip is pushed onto the surface, the amplitude decreases until it is fully damped to zero at full contact (trace, red line). Upon retraction of the cantilever from the surface (retrace, blue line), the amplitude starts to increase until it reaches the free amplitude again (indicated by an arrow). The free oscillation amplitude is set to a low value (~ 5 nm); this is important for a minimal energy input during imaging, thus preventing disruption of the sample and allowing stable imaging.
In addition to small oscillation amplitudes, the amplitude reduction used as feedback signal in imaging is of special importance. To adjust for optimal amplitude reduction, the set point was chosen appropriately prior to imaging via the amplitude-distance cycle (Fig. 2C) . We adjusted the set point so that the amplitude reduction is 20% (i.e. 1 nm at 5 nm free amplitude), resulting in 80% imaging amplitude (i.e. 4 nm at 5 nm free amplitude). A reduction of 1 nm in amplitude correlates to an imaging force of F ~ 50 pN (for a cantilever spring constant of k = 100 pN/nm and a Q-factor of 1.8, i.e. F ~ k*a/Q) (14) . Since the estimated force of 50 pN is only exerted at the lower part of the oscillation curve described by the cantilever an average force of less than 50 pN is applied during scanning. Due to the low forces applied no lateral indentation of the sample takes place during imaging in dynamic force microscopy; this is in clear contrast to the scanning in contact-mode AFM, where lateral forces are mainly responsible for the displacement of weakly adhered samples.
In summary, the free oscillation amplitude, the amplitude reduction for the feedback while imaging (i.e. the set point), and the spring constant of the cantilever are the critical parameters to be adjusted. The abovementioned selection of imaging parameters guaranteed a stable imaging of the weakly adsorbed viruses without mechanical distortion, yielding images with high topographical resolution.
Imaging of HRV2 attached to mica surfaces
To obtain high-quality topological images with AFM, a tight immobilization of the biological specimen to a flat surface is pivotal. In a previous study, HRV2 bound to an artificial cell membrane containing derivatives of the very-low density lipoprotein receptor was studied using MACmode AFM (24) . The presence of the receptor resulted in specific, tight immobilization of HRV2. Here, we immobilized HRV2 non-covalently in buffer solution onto mica, a highly hydrophilic aluminosilicate (25) . By using Ni 2+ ions as bridge between the negatively charged mica and the virus, stable binding was obtained. Several other bivalent cations like Mg 2+ and Co 2+ were also tested, but in contrast to Ni 2+ , these did not result in stable imaging of viruses. Therefore, all measurements reported in this study were carried out in a 50 mM Tris-buffer containing 5 mM Ni 2+ ; repeated imaging over many hours showed no damage or displacement of the sample.
Physical adsorption from solution onto mica has the advantage that the adsorption process takes only several minutes and that pretreatment of neither virus nor mica surface is necessary. In addition to its simplicity, physical adsorption is very robust to variation in parameters; for instance, layers with different degrees of package were obtained by simply varying the virus concentrations in the adsorption buffer, e.g. 1 mg/ml HRV2 gave a densely packed layer, while 20 µg/ml HRV2 resulted in sparse coverage. The virus coverage on mica scaled therefore almost linearly with the virus concentration in the adsorption buffer. Figure 3 shows regularly arranged viruses in a densely packed monolayer (Fig. 3A, B , and C) and single virions adsorbed on mica at much less coverage (Fig. 3D ). An almost complete coverage of HRV2 on mica was obtained at high virus concentrations in the adsorption buffer (Fig. 3A) . The height of the layer was determined to 31 + 3 nm from the cross section profile using an uncovered spot on mica as reference (Fig. 3B) ; this agrees very well with values derived from X-ray and electron cryo-microscopy measurements of HRV2, respectively (30, 31) . The high magnification image in Fig. 3C shows a tight packing of regularly arranged viruses. The close apposition of the virions appears to result in some structural deformation, indicating that the immobilization onto mica together with lateral packing forces of the monolayer can lead to local distortions of the virus capsids. A regularly spaced pattern was observed on almost all viral particles, which might reflect the known protrusions on the surface of the viral capsid.
The surface coverage was then reduced by decreasing the virus concentration in the immobilization buffer but leaving the other adsorption conditions unchanged. Individual virions at low coverage appeared as undeformed particles with 30 nm in height (Fig. 3D) , indicating that only the lateral forces acting in the densely packed layer are responsible for the observed deformation and neither the applied imaging force nor the surface immobilization procedure. However, for virions at low coverage, virus capsids appear not strictly globular in shape, but the projection of the particles rather exhibits some straight borders akin to their icosahedral surface features (30) . Regardless of the surface coverage, virus particles were stably imaged without any cantilever-induced movement over hours. Although we are reporting exact values of the virus height, the measurement of particle size and the dimensions of individual particles must be treated with some care. This is because the horizontal dimensions of objects are always overestimated due to the well-known tip convolution effect in AFM images (32) . In the simplest approximation we can imagine a sphere of radius R (i.e. the AFM tip) to roll over a single spherical particle with diameter d attached on a flat surface. Simple geometric considerations lead to the estimation of the diameter of the tip-convoluted object, i.e. the full width at half maximum (FWHM) of the appearing object is FWHM = 2*((d*(R + d/4))^0.5) (with R > d/2). Accordingly, the observed lateral dimension of a single spherical object with a diameter of 30 nm (as for HRV2) will result in an image of 57 nm (based on a radius of the AFM tip of 20 nm). This corresponds to the diameters of virions observed in this study, which varied from 35 nm to 60 nm, depending on the cantilever used. Due to this effect, the lateral diameters of single objects always appear too large; however, it is important to note that the vertical dimension is not influenced by the finite tip apex. Therefore, for roughly spherical particles such as icosahedral viruses, the vertical height of the particle gives a remarkably accurate value for their true diameter.
For periodic structures (e.g. viruses in Fig. 3C) , the situation is different from single particles (e.g. viruses in Fig. 3D ). As the AFM tip passes over the surface of a layer of particles, the tip never approaches the lower part of the objects. Thus, the height observed for a densely packed layer does not give a true measure of the diameter of the particles. The only way to estimate the diameter is to measure the center-to-center distance of individual particles in the layer; in the most of the cases values close to the true diameters are yielded.
Monitoring the release of the viral genomic RNA
The release of RNA from the HRV2 capsid is triggered in vivo by a low pH environment (pH < 5.6) in endosomal carrier vesicles and late endosomes (21) . To mimic the process of RNA release, HRV2 bound to mica at low coverage (Fig. 4A ) was exposed to buffer at pH 4.1. After 2 h, the pH was readjusted to pH 7.6 by flushing the liquid cell with the original buffer. The viruses thus remained attached to mica during the procedure. Then, images were taken again to observe eventual changes in the viral morphology. Single short RNA molecules were frequently observed (Fig. 4B, arrows) , showing a height of about 1 nm. They were either disparate from the virus or still connected to it. Apparently, the latter molecules had not entirely left the viral shell and were thus viewed directly during the process of extrusion. No such RNA molecules were observed when the sample was imaged immediately after the cell buffer had been replaced with the low pH buffer. Snap shot images of RNA molecules during extrusion are shown in Figure 5 at smaller scan areas. Single virions at different stages of RNA release were observed. Virus capsids appeared with heights of 25 to 35 nm, and the height of the RNA molecules varied between 1 and 1.5 nm, which is in quite good agreement with the reported height of RNA measured by tapping-mode AFM (33) . Due to the tip convolution effect, the lateral diameter of RNA is greatly overestimated in the AFM images (32) . According to the formula given in the previous chapter, the lateral dimension of an object with a diameter of 1.5 nm (as for RNA) will result in an image of 11 nm (tip radius 20 nm). This value corresponds well to the average diameter of RNA observed in this study, which is ~ 10 nm (Fig. 5) . RNA molecules observed in the process of extrusion were either in a bent conformation (Fig. 5A ) or in a straight conformation (Fig. 5B) which is corroborated by investigations of isolated RNA (33) . The straight appearance of the RNA molecules is related to observing only relatively short RNA molecules (ranged from 40 to 330 nm), were the length is close to the reported persistence length of RNA (34) . Additionally, the appearance of RNA strongly depends on how it adsorbs to the surface. Since we used buffer conditions causing a very tight binding to mica, the movement and rotation of RNA is restricted again favoring a straight conformation.
That the fibers protruding from the virus capsids were indeed RNA molecules was proved by injecting RNase A into the liquid cell of the AFM (25) . Comparing the images prior and after injection of the enzyme showed that the fibers disappeared upon enzymatic treatment. This unambiguously identified the elongated structures as RNA molecules.
In those cases where the RNA was completely separated from the virus capsid, and therefore released entirely, a fork-like structure was occasionally seen at one end of the molecule (Fig.  5C, D) . This branch extended by about 30 nm and was only seen on RNA molecules not connected to the virus capsid. We suggested that these fork-like structures might correspond to characteristic structural elements located at the 5' terminus of the RNA genome (25) . However, based on a genome size of ~7.100 nucleotides, a contour length of roughly 2 µm is expected (using a length of 0.3 nm per base pair, (35) ) for entirely released and extended RNA. In contrast, the contour length of released RNA molecules seen in Figure 5C and D is only ~ 200 nm. The difference between observed and expected lengths may be attributed to the fact that the experiments were performed in buffer solution without RNase inhibitor; hence degradation of the RNA certainly occured. Longer molecules with lengths of ~ 1 µm were observed only when the RNA was tightly packed on mica, which most likely prevented degradation due to the high local concentration of RNA (25) .
In summary, topographical images of HRV2 were obtained routinely using dynamic force microscopy. Although the achieved resolution was only half of the resolution of electron cryomicroscopy (36), AFM measurements were carried out under physiological conditions, i.e. at room temperature and in buffer solution. Induced by a low pH environment, single RNA molecules were released from the virions and snap shot images of this process were acquired. RNA molecules released entirely showed fork-like structures resolved at one end of the RNA molecules. This study shows the potential of DFM to obtain new insights into the molecular mechanism and dynamics of viral uncoating and RNA release.
